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ABSTRACT 
 
Mechanically Robust Chitosan Multi-Layered Thin Films 
Aldo DiPrato 
Caroline Schauer, Ph.D. 
 
 
 The biomimicry of butterfly wings is a field that depends on reproducing 
ordered arrangements, on the nanometer scale, that produce structural color.  An 
often difficult task to recreate such intricate and small features, thin film production 
via spin coating is a reasonable and effective method of doing so.  Chitosan is a 
naturally occurring polysaccharide that has been utilized in thin films, and has shown 
the ability to chelate to metallic ions in solution, such that the film can be used as a 
sensor.  The lack of durability and stability of chitosan thin films, however, have 
restricted their implementation. 
 In this study, the unique structural color found in butterfly wings is mimicked 
by stacking alternating layers of a high refractive index material, chitosan, with a low 
refractive index material, silica nanoparticles.  The nanoparticle arrangement and 
void characterization of the silica layer has been studied by using scanning electron 
microscopy and atomic force microscopy and have shown to mimic the air pockets 
seen in butterfly wings. The developed films posses a higher mechanical stability 
than any other previous natural polymer thin film, as well as high resistance to 
peeling and flaking.  Because of the strong metal chelation properties that chitosan 
possesses, silica-chitosan thin films have been studied for the applications of 
xi 
hexavalent chromium detection, matching the sensitivity to hexavalent chromium 
detection of single layer chitosan films.  Silica-chitosan thin films were used as a 
method for drug delivery, and UV-Vis spectroscopy revealed a controlled time 
release of Diphenhydramine HCl from the films. 
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1. INTRODUCTION 
1.1 POLYMERS 
 Polymers are large molecules that are comprised of long chains of covalently 
bonded, repeat units.  These repeat units, called monomers, are typically composed 
of a carbon chain backbone, which can have an array of branching functional groups 
such as hydroxyl, methyl, carboxyl, and styrene groups.  Much of the chemical and 
physical properties of polymers depend on the type of functional groups that reside 
on the polymer chain.  For example, the functional groups may interact with other 
groups on adjacent polymer chains, as well as with a functional group on the same 
chain.  This can lead to various interactions, such as hydrogen bonding, which will 
ultimately change the properties of the polymer, for instance melting temperature 
and viscosity.   
 One of the chief differences between polymers and other types of materials, 
such as metals and ceramics, is crystallinity.  Unlike these materials, which are 
completely crystalline in solid form, polymers contain a certain amount of 
amorphous structures that cannot be reduced to a single unit cell.  As a result, 
polymers can be anywhere from completely amorphous, to up to 95% crystalline.  
The degree of crystallinity of polymers affects many of its properties, such as 
melting temperature, modulus, stiffness, and hardness.     
 Crosslinking of polymer chains is another important parameter that will 
ultimately affect the polymer’s properties.  For example, if a polymer is not 
chemically crosslinked, there will still be physical entanglements between adjacent 
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polymer chains.  When a polymer is crosslinked, however, a chemical bond is 
formed from one chain to another, and this covalent bonding will greatly enhance the 
structural integrity of the polymer as a whole.  As a result, by processing polymers 
through various functionalization and crosslinking techniques, many polymer 
properties can be tailored for a specific application. 
1.1.1 HISTORY OF SYNTHETIC POLYMERS 
 Although naturally-derived polymers and polysaccharides have been in 
existence for millennia, the history of synthetic polymers is recent, and all synthetic 
polymer developments have occurred in the last two centuries.  For example, in the 
mid-1800’s, Charles Goodyear created vulcanized rubber by taking natural rubber 
and heating it with sulfur; this resulted in a reaction that crosslinked the rubber 
chains through the sulfur.   
 The first completely synthetic polymer material was made in 1907 by Leo 
Baekeland.  He created Bakelite, which is a thermosetting phenol formaldehyde 
resin.  Contrary to most thermoplastic polymers, which are ductile and soft upon 
heating, thermosets crosslink when heated, becoming hard and brittle.  As a result, 
Bakelite was used in several applications, such as musical instruments, rotary-dial 
telephones, cameras, and more recently, for optical microscopy mounts.  
  Perhaps the most famous polymeric invention was when Wallace Carothers 
developed nylon at DuPont in 1935.  Nylon is synthesized by means of a 
condensation reaction between diamine and diacid groups [1].  There are different 
 3 
types of nylons, due to the number of carbons donated by both the diamine and the 
diacid.  For example, nylon 6,12 indicates that 6 carbons are from the diamine, while 
12 carbons are from the diacid.  Nylon has been used in various applications, 
including toothbrush bristles, women’s stockings, and military parachutes.   
1.1.2 INDUSTRY 
 Since the invention of nylon, there have been thousands of new polymers 
invented, all of them having unique and interesting properties.  Synthetic polymers 
are currently used in all kinds of applications including underground piping (PVC), 
bulletproof vests (Kevlar), soft drink bottles (PET), and non-stick surfaces (PTFE), 
among many others.  The polymer industry has become a multi-billion dollar 
industry, with large corporations creating a vast array of products, such as DuPont, 
BASF, and Dow Chemical, among others.  For example, in 1997, the total 
worldwide production of synthetic polymer fibers was about 28.5 million metric tons 
[2], and production has continued to increase every year. 
1.1.3 RECYCLABILITY 
 Although synthetic polymers have revolutionized every aspect of life, there 
are two main consequences to using synthetic polymers.  First, the dependence on 
oil, from which polymers are created, leads the production of polymers to be 
vulnerable to the eventual unavailability of oil.  The more immediate problem with 
petrochemical polymers is the disposal and/or recyclability of them.  Typically, 
microorganisms break down organic molecules and degrade a material over time.  
 4 
Although there are some microorganisms that have the potential to break down 
specific polymers [3-6], there are not nearly enough that would solve the issue of 
polymer disposal.  Therefore, when put in a landfill, for example, most polymers 
have the potential to last several hundreds of years before degrading [7].  Efforts to 
increase recycling of synthetic polymers has increased tremendously over the years 
[8].  Often times, however, processing of polymers can lead to changes in 
mechanical and rheological properties [9].  Also, heterogeneous, or composite, 
polymer materials are very difficult to recycle.  Other polymer degradation 
techniques include pyrolysis and gasification [10, 11], but the energy required to 
complete such reactions is often too much to warrant them. 
1.2 NATURAL POLYMERS 
 An alternative solution to using petrochemical polymers is to instead use 
naturally-derived polymers.  Unlike their synthetic counterparts, natural polymers are 
biodegradable, so the disposal and recyclability of these polymers is not as difficult 
as synthetic polymers.  Natural polymers are typically produced by living systems, 
both plants and animals.  Some of these polymers, such as wood, silk, and wool, 
have been used for thousands of years.  Many of the possible applications of 
biopolymers, however, were replaced by synthetic polymers, which were considered 
a better alternative at the time.     
 Biopolymers, such as proteins, nucleic acids, and polysaccharides, are the 
building blocks that life on Earth are based upon.  Nucleic acids are particularly 
important, as they are the repeat units for deoxyribonucleic acids (DNA) and 
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ribonucleic acids (RNA), as seen in Figure 1 [12].  The genetic information that is 
stored by the incredibly precise ordering of nucleic acids within DNA can be 
ultimately transferred into protein synthesis. 
 The glucose molecule, as depicted in Figure 2, is created during 
photosynthesis, used as a source of energy for cells, and is the monomer unit for such 
polysaccharides as starch, amylopectin, and glycogen.  The most abundant organic 
molecule found on Earth is cellulose, which is a linear chain of thousands of glucose 
units.  Cellulose is the primary structural constituent for plant cell walls, and is often 
obtained for industrial uses from sources such as wood and cotton to create paper 
and cardboard.     
Figure 1: Schematic of a DNA molecule, comprised of various nucleic acids, including adenine (A), thymine (T), cytosine (C), and guanine (G) [12]. 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 A growing field of study has emerged investigating the various applications 
of polysacharides such as chitin, chitosan, hyaluronic acid, and alginate.  These 
natural polymers can be used in different forms, most notably as hydrogels, 
electrospun nanofibrous mats, and thin films. 
 
 
 
 
 
 
 
Figure 2: β‐D‐glucose molecule. 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2. BACKGROUND  
2.1 CHITIN 
 Chitin, β-(1→ 4)-poly-N-acetyl D-glucosamine, is a high molecular weight 
linear polysaccharide.  Behind cellulose, chitin is the second most abundant 
structural polysaccharide found in nature.  It can be found in a variety of different 
species, such as crustaceans, insects, mushrooms, and in bacteria cell walls [13].  
There are slight differences in the type of chitin that is found in various animals; for 
example, α-chitin is commonly found in crab shells and butterfly wings, while β-
chitin is found in squid pens [14].  Chitin possesses a rigid crystalline structure due 
to its inter-molecular hydrogen bonding, which provides it with the ability to protect 
invertebrates in the form of an exoskeleton. 
  Figure 3 is the chemical structure of chitin.  Because the molecule lacks 
charged functional groups, chitin is considered a charge neutral polysaccharide.  As a  
 
 
 
 
 Figure 3: Molecular structure of chitin. 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result, chitin is hydrophobic and insoluble in water.  Because of its insolubility in 
common solvents, the amount of research into the application of chitin has been 
limited.  The many derivatives of chitin, however, improve upon its solubility, 
allowing for more opportunities for usage [15].   
 Due to its favorable biodegradation and biocompatibility properties, chitin 
has been applied to different applications.  For example, the immunological activity 
of chitin has been thoroughly investigated [13, 16].  One benefit of chitin is that it 
increases the production of antibodies, which are necessary for the identification and 
neutralization of foreign organisms.  Another biomedical application for chitin is for 
the use of absorbable sutures [17, 18].  The purpose of absorbable sutures is to 
provide merely temporary support for a healing wound; the molecular weight of the 
chitin molecules is decreased as the structural strength of the suture decreased.  As a 
result, once the wound is healed, the chitin suture has been mostly absorbed and is no 
longer providing any structural support.   Chitin has also been shown to possess the 
ability to chelate metal ions, such as palladium, copper, and silver [19].  This unique 
property not only allows it to be potentially used for health products and insecticides, 
but also for heavy metal ion absorption.  Chitin has been researched for various food 
applications, such as for dye absorbent, food storage, and anti-microbial activity [20, 
21].   
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2.2 CHITOSAN 
 Chitosan is a linear block copolymer that is the N-deacetylated form of chitin 
as seen in Figure 4.  Often described by the degree of deacetylation (DD), a certain 
percent of acetyl groups from the original chitin molecule have been cleaved, leaving 
behind amine functional groups.  As a result, chitosan is a block copolymer with 
randomly placed N-acetyl groups within the polymer chain.  The DD of commercial 
chitosan is typically greater than 70% [19].  Although it is possible to produce, fully 
deacetylated chitosan is not commonly found [22].  The DD of chitosan is a very 
important parameter because it will greatly affect the various properties of the 
polysaccharide, including the degree of crystallinity [23, 24].     
 As mentioned earlier, although chitin is not water soluble, many of its 
derivatives improve upon its solubility.  Chitosan, although still not water soluble, is 
able to dissolve into dilute aqueous-acidic solutions, such as acetic acid, lactic acid, 
Figure 4: Molecular structure of chitosan, with the deacetylated repeated unit, X, and the acetylated repeated unit, Y.  Typically, commercial grade chitosan has X > 70%. 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and malic acid.  Chitosan’s improved solubility is due to the primary amine 
functional groups that were produced during deacetylation.  Moreover, while 
improving aqueous solubility, chitosan maintains the favorable property of metallic 
ion chelation. 
2.2.1 CROSSLINKING  
 Although the ability to dissolve chitosan into an acid-aqueous solution is 
valuable, many applications for chitosan must have it retain both its mechanical and 
structural properties, so the crosslinking of chitosan is vital for these applications.  
Chitosan can be crosslinked through a variety of different methods.  
Hexamethylene 1,6-di(aminocarboxysulfonate) (HDACS) is used to crosslink 
chitosan molecules by bonding between the isocyanate group of HDACS and the 
amine of chitosan.  Chitosan crosslinking via HDACS can be activated either by the 
addition of heat or increase of pH [25].  Glutaraldehyde (GA), another common 
crosslinker of chitosan, forms bonds between the amines of chitosan and the 
aldehyde of GA to form an imine bond [26].  Other molecules that can be used to 
crosslink chitosan include genipin, epichlorohydrin (ECH), and ethylene glycol 
diglycidyl ether [27, 28].  Figure 5 includes the chemical structures of HDACS, GA, 
ECH, and genipin, respectively. 
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Figure 5: Chemical structures of various molecules used for crosslinking chitosan, including a) HDACS, b) GA, c) ECH, and d) genipin.   
a) 
b) 
c) 
d) 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2.2.2 METAL CHELATION 
 Because of its ability to chelate metallic ions, chitosan has been researched 
extensively for heavy metal ion absorption and detection, as well as for water 
filtration.  Copper (II) has been absorbed by chitosan and crosslinked chitosan beads 
[28].  Similarly, hollow chitosan fibers have been able to extract chromium (VI) ions 
from aqueous solution [29].  Chitosan has also demonstrated the ability to chelate to 
other metal ions including iron (II and III) [30], mercury (II) [31], arsenic (V) [32], 
nickel (II) [33], and cadmium (II) [33], among others.  For example, chromium (VI), 
which is a carcinogenic agent that penetrates biological membranes, has been 
reported to chelate to chitosan via either the hydroxyl groups or the protonated amine 
groups, which may undergo electrostaic attraction to chromium.  Single layer 
crosslinked chitosan thin films have shown a sensitivity to Cr(VI) by increasing their 
thickness and index of refraction upon interaction.  This change in thickness was 
independently measured using a profilometer that measures thickness.  Therefore, 
chitosan can be used in various formations, such as beads, fibers, and films, to 
extract specific metal ions from aqueous solution in an ion-exchange mechanism.  
This presents the opportunity to not only detect these metal ions within drinking 
water, but also remove them as well. 
2.2.3 ANTIMICROBIAL EFFECTS 
 Chitosan is known as an antimicrobial compound, which is likely due to the 
interaction between the cationic amine group of chitosan and anionic functional 
groups that typically reside on microbes.  It is postulated that during this interaction 
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between chitosan and microbes, the cell permeability increases, such that the 
microbe will lose vital nutrients, proteins, and electrolytes [34].    Another possible 
reason for chitosan’s antimicrobial effects is that chitosan could inhibit both mRNA 
and protein synthesis by interacting with the microbial DNA.  Regardless of the 
exact mechanism with which chitosan attains its antimicrobial properties, several 
parameters will determine chitosan’s antimicrobial activity, including DD, molecular 
weight (MW), temperature, and pH of solution.  Chitosan, therefore, has been 
studied extensively for the food packaging industry [35-37].  Also, because of its 
good fungicidal properties, chitosan, as well as chitin, has been investigated for 
cosmetics, such as creams and lotions [19].   
2.2.4 WOUND HEALING 
 In addition to antimicrobial effects, chitosan has been found in several studies 
to accelerate the wound healing process.  H. Ueno et al. explain the proposed method 
by which chitosan aids in the two steps of the wound healing process [38].  During 
the first step, known as the inflammatory stage, neutrophils clean the affected area 
while chitosan expedites the permeation of inflammatory cells.  In the next stage, 
new tissue forms over the wound area, which consists of a loose meshing of 
extracellular matrix proteins and polysaccharides, such as hyaluronic acid, 
fibronectin, and collagen.  There is often an imbalance in the ratio between collagen 
I and collagen III fibers during the new tissue formation process, and this commonly 
leads to scar tissue.  However, wound healing testing that was completed on dogs 
and cats showed that the amount of scar tissue was reduced when the wound was 
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treated with chitosan [39].  Hemcon® bandages are an example of a current product 
on the market, which uses chitosan to limit severe hemorrhaging after an intense 
injury [40].   
2.2.5 TISSUE ENGINEERING 
 Another popular field of interest for chitosan is the creation of porous 
chitosan scaffolds for tissue engineering applications.  Tissue engineering is an ever-
growing field that aims to repair and/or replace tissue in the body by the growth of 
cells onto a scaffold, either through in vitro or in vivo methods.  Tissue engineering 
has been researched for the growth of many kinds of tissue, including skin, bones, 
nerves, and ligaments.  To promote optimal cell growth, scaffolds must allow for cell 
Figure 6: Illustration of reduction of blow flow through a severe injury due to a Hemcon bandage [40]. 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attachment to the scaffold, permit the transportation of proper nutrients for cell 
growth, and influence the growth of the cells such that they can turn into tissue with 
specific mechanical and biological functions.  Therefore, to allow the migration of 
both cells, as well as nutrients, scaffolds for tissue engineering need to be porous.   
 There have been several types of methods to create scaffolds for tissue 
engineering, including fibers, meshes, porous solids, and freeze-dried foams. 
Madihally et al. created porous chitosan scaffolds through the lyophilization and 
freeze-casting of various chitosan solutions and gels [41].  By decreasing the 
freezing temperature applied to the chitosan, the pore diameter of the porous chitosan 
was decreased.  The resulting material was a porous chitosan foam, which contained 
tubular porosities.  A directionalized pore within a scaffold, such as the one seen in 
Figure 7: Cylindrical porous chitosan scaffold [41]. 
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Figure 7, is very desirable for tissue engineering because it promotes specific cellular 
growth, which can therefore lead to a specific type of tissue growth, such as bone, 
skin, or nerves.  Because of the directionality of pores within a scaffold, chitosan 
scaffolds have been produced with the intention of being used for the production of 
specific tissues, such as cartilage [24, 42], skin [43], bones [44, 45], and nerves [46]. 
2.2.6 INDUSTRIAL RELEVANCE 
 As described earlier, chitosan has shown to have unique metal chelation 
properties that can be used to detect different metallic ions such as copper, mercury, 
chromium, arsenic, and nickel, among others.  If increased to a large-scale process, 
chitosan can be implemented into a water purification system for water treatment 
facilities.  For a large-scale water treatment process, Maruca et al. used chitosan 
flakes that were ~ 1 mm large to remove chromium (III) metal ions from wastewater 
[47].  To have the most efficient removal of metallic ions, it was shown that the 
absorption capacity increased with a higher amount of total surface area of the 
particles, meaning that smaller particles were better at absorbing chromium (III).  
This would indicate that with larger flake sizes, the surface of the chitosan became 
saturated with the adsorption of chromium (III), such that it cannot adsorb any more 
ions.  The adsorption efficiency has also been shown to be dependent on the quantity 
of chitosan, concentration of metal ions, and duration of treatment [48].  In addition 
to removing metal ions from wastewater, chitosan can be used to remove organic 
acids and polyphenols from water by means of an anion-exchange process [49].   
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2.2.7 CHEMICALLY MODIFED CHITOSAN 
 Similar to chitin, several different modifications of chitosan are possible.  
Quaternized chitosan is produced by the addition of quaternary amino groups to the 
amine functional groups.  The resulting chitosan salt has been used for gene therapy 
[50] and antibacterial fibers [51].  N-carboxymethyl chitosan, which adds a 
carboxymethyl group to the amine, has been used to improve metal ion adsorption of 
chitosan [52].  Thiolated chitosan has also been synthesized for heavy metal ion 
detection [53]. 
2.3 HYDROGELS 
 Hydrogels are crosslinked hydrophilic macromolecules, which are used to 
create an interweaving network of polymer chains.   There are two basic types of 
hydrogels: physical and chemical hydrogels.  Physical hydrogels are comprised of 
polymers chains, which are held together by molecular entanglements due to ionic 
and/or hydrogen bonding.  On the other hand, chemical hydrogels are a covalently 
bonded network of polymer chains, due to chemical crosslinking.  The crosslinking 
of hydrogels highly affects the degree of water retention within the network.  For 
example, with a low degree of crosslinking, a hydrogel network will be able to 
absorb and retain much more water than if it was heavily crosslinked [54].   
  Natural polymers have been extensively studied for the usage of hydrogels in 
various biomedical applications.  For example, chitosan hydrogels have been 
investigated for the application of enzyme immobilization [55].  By conjugating the 
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laccase enzyme to chitosan, R. Vazquez-Duhalt et al. were able to entrap the laccase 
within the chitosan hydrogel due to crosslinking.  The conjugated laccase-chitosan 
hydrogel exhibited pH responsive behavior such that it was soluble at very low and 
high pH values, but insoluble at neutral pH values.  Other studies have also 
examined the pH responsive behavior of chitosan hydrogels for the application of 
oral drug delivery [56, 57].   Chitosan has also been studied for several other 
hydrogel drug delivery applications, such as to control angiogenesis [58], and as a 
rate controlling membrane for transdermal delivery of drugs [59, 60]. 
2.4 ELECTROSPUN NANOFIBERS 
 Natural polymers have been used to create nanofibrous mats by way of 
electrospinning for use in a wide variety of fields, such as tissue engineering and 
food packaging [61].  Electrospinning is a process in which nanofibers are randomly 
oriented onto an electroplate surface, due to an electric current.  To create these 
nanofibers, the polymer must first be dissolved within a solution and placed into a 
syringe.  By applying a voltage between the syringe needle and the electroplate 
surface, an electric field will occur, which will generate a very thin polymer jet to 
travel to the plate as the polymer solution is slowly ejected from the syringe.  
Depending on many of the operating parameters, the diameter of nanofibers can 
range anywhere from micrometers to nanometers in size.  
 Schiffman and Schauer successfully electrospun and one-step crosslinked, 
with glutaraldehyde, chitosan fibers with an average diameter of 161 nm [62, 63].  
The fiber diameter of various electrospun mats was found while changing the 
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molecular weight of chitosan; the diameter of nanofibers increased with increasing 
molecular weight.  Figure 8 is an SEM image from Schiffman and Schauer of 
electrospun chitosan, crosslinked with glutaraldehyde.  The diameter of fibers is an 
important parameter for different biomedical applications, primarily because it is 
advantageous to have fibers with an extremely high surface area to volume ratio.  
2.5 BIOMIMICRY 
  Biomimicry is a method of developing an engineering design by looking 
towards nature for inspiration.  Often times, an engineering design can be improved 
upon by trying to mimic the best attributes of a natural system.  Many products that 
people use today have been designed by first examining a natural process.   
2.5.1 COMMON BIOMIMICRY: VELCRO & LOTUS LEAF 
  Perhaps the most widely known biomimicry product is Velcro®.  First 
invented in 1941, Velcro® is a fastener for clothing that is comprised of hooks and 
Figure 8: SEM image of electrospun fibers of low MW chitosan [62]. 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loops; when pushed together, the two sides are held together by the attachment of the 
hooks into the loops.  The inventer of Velcro®, George de Mestral of Switzerland, 
discovered the idea of a hook and loop fastener when he and his dog went on a 
hunting trip in the Alps, where he noticed that burdock burrs were able to stick to his 
clothing, as well as his dog.  Burdock, Figure 9, is a type of thistle that utilizes this 
hook and loop technique for the transportation of seeds [64].  Therefore, George de 
Mestral was inspired to replicate this technique and created what is now known as 
Velcro®. 
 The lotus effect is another biomimicry example that has been investigated as 
a self-cleaning mechanism.  The leaf of the lotus flower exhibits 
superhydrophobicity, meaning the surface of the leaf is extremely difficult to wet, 
and the contact angles of water droplets exceed 160° if the surface is rough [65].  
Therefore, water droplets easily run off the surface of the leaf, and in the process, 
Figure 9: Burdock hooked burrs; inspiration for Velcro®  [64]. 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removes dirt particles from the leaf surface.  Self-cleaning due to 
superhydrophobicity has been used for different coatings, paints, roofing products, 
and tiles [66].  
2.5.2 STRUCTURAL COLOR 
  Pigmentation is a method of creating color by selectively absorbing and 
reflecting different wavelengths, creating a perceived color.  Different from 
pigmentation, structural color is a technique used by nature that utilizes ordered 
arrangements of periodic structures, on the same order of size as the wavelength of 
light, to reveal color.  Animals, such as butterflies, snakes, birds, and fish, among 
others, commonly utilize structural color.   
  There are several different methods in which animals generate structural 
color.  One of the most common ways is using multi-layer reflectors, in which a 
stacking sequence of alternating layers of high and low refractive indices is 
developed.  By controlling the thickness of each layer, light will be able to reflect 
from each successive layer such that constructive interference of the light waves can 
occur; by being reflected in the same phase, the Bragg condition can be fulfilled 
(Fig. 10).  Bragg’s Law, which describes the wave interference shown in Figure 10, 
is defined as: 
                                            nλ = 2d sinθ                                 (1) 
where θ is the angle of incidence, d is the layer thickness, λ is the wavelength of 
light, and n is an integer.   
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  The way that light is reflected from thin film reflectors is best described by 
Fresnel’s equations: 
   (2) 
   (3) 
where Rs and Rp are reflectance of light polarized perpendicular to the plane and 
parallel to the plane, respectively.  When light is incident normal to the reflector,  
Figure 10: Schematic representation of Bragg’s Law of an incident light with wavelength, λ, and angle, θ. 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                    R = Rs = Rp = [(n1 – n2)/(n1 + n2)]2                      (4) 
The transmittance of reflectors is: 
            T = 1 – R                                       (5) 
  There are two ways in which animals can use reflectors to produce structural 
color.  The first is by simply having a single layer reflector in which light reflects 
and interferes only once, as in Figure 10.  Housefly wings act as a single layer 
reflector, and are able to achieve multiple colors by different angles of incidence of 
polychromatic light [67].  Alternatively, single layer reflectors can be stacked onto 
each other, as previously described, to create multi-layer reflectors.  This can be 
done either by stacking many layers that have a small difference in refractive index 
(nr) or by stacking far fewer layers that have a larger nr [68].  Typically, to produce a 
more reflective material, the high nr layer should have a thickness of a quarter-
wavelength of light; the low nr layer should all have the same optical thickness [69].   
Multi-layer reflectors exhibit strong iridescence, meaning that the structural color 
will change as the angle of incident light is changed.  For example, at a larger angle, 
light that has constructive interference will reflect a shorter wavelength of light than 
if it was normal to the reflector. 
  Both of these types of multi-layer reflectors are found in nature.  Beetles are 
an example of animals using reflectors with layers of closely matched nr.  Parker et 
al. describe in great detail how the difference in layering of reflectors within beetles 
can greatly affect their color [70].  Briefly, Parker et al. compare the structural color 
 24 
of green and gold beetles (Fig. 11).  In the case of green beetles, each layer is the 
same thickness as the previous layer, and the wavelength of light that is produced is 
of a small spectral bandwidth; in this case green.  On the other hand, gold beetles 
have a chirped multi-layer structure, meaning the thickness of each layer decreases 
farther from the surface.  As a result, large ranges of visible light with different 
wavelengths are reflected, producing a gold color. 
 
Figure 11: Schematics of a) regular staking structures found in green beetles, and b) chirped stacking structures found in gold beetles [70]. 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  Butterflies are an example of an animal that uses far less layers than beetles 
to create multi-layered reflectors.  As mentioned earlier, this is because the nr of the 
two alternating layers is highly mismatched. Typically, butterflies create structural 
color by alternating layers of chitin (nr = 1.52) and air pockets (nr ~ 1).  The 
structural color of butterflies will be discussed in Section 2.5.3. 
  Besides multi-layered reflectors, there are several other methods in which 
animals can create structural color.  Photonic crystals are any type of ordered 
periodic arrangements that lead to structural color.  In some cases, two-dimensional 
and three-dimensional photonic crystals become incredibly complex, especially if 
one were to try to replicate them.  Peacocks posses a periodic hierarchical structure 
of barbs and barbules, which are able to produce magnificent blue feathers [71].  In 
the case of peacocks, structural color is used in mating, primarily because it is only 
the male peacocks that exhibit such brilliant colors, and female peacocks are mostly 
brown and grey in color.  Opal is another interesting example of photonic crystals, 
which is created by having an arrangement of hexagonally close packed spheres with 
a diameter in the hundreds of nanometers [68].  A simple example of color being 
generated from an opal structure is that of having an array of soap bubbles, which 
organize themselves in an hexagonal close packed design [72].  Opal structures can 
also be found in animals, such as the Metapocyrtus weevil. Other examples of 
naturally found photonic structures are birds [73] and fish [74].   
  Several techniques have been used to attempt the reproduction of structural 
color systems, such as focused ion beam chemical vapor deposition (FIB-CVD), cell 
 26 
culture engineering, and thin film spin coating [75-77].  FIB-CVD combines the 
techniques of FIB and CVD to produce incredibly intricate and precise photonic 
structures that replicate structural color in animals such as butterflies (Fig. 12).  This 
technique, although able to accurately create nanostructures, is not a low-cost 
technique, and as a result is not practical for a large-scale production due to the high 
cost. 
  Cell culturing engineering is a technique that, rather than using traditional 
fabrication techniques such as FIB-CVD, uses the cells that actually create photonic 
structures in animals.  For example, a few butterfly cells can be dissected from the 
wing scales and placed into cell culture along side growth hormones [76].  Through 
the proliferation of cells in vitro, eventual structural color can be replicated and 
Figure 12: Mimicked structure of the blue Morpho butterfly wing, created by using FIB‐CVD [76]. 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mixed into different types of polymers and paints.  Similar to FIB-CVD, cell 
culturing is a laborious technique that would be difficult to use for large-scale 
production, and better ways of harvesting cells need to be explored. 
2.5.2.1 Thin Films 
  As mentioned earlier, one of the difficulties in mimicking three-dimensional 
photonic structures is the incredible intricacy that must be created on a nanometer 
scale.  Biomimicry techniques such as FIB-CVD and cell culture engineering have 
the difficult task of replicating such systems.  An alternative technique that provides 
a simple solution to the problem of structural color biomimicry is thin films, which 
are often formed onto a substrate by means of spin coating, which rotates the 
substrate several thousand revolutions per minute (RPM).  When a polymeric 
solution is deposited onto the substrate and undergoes the centrifugal forces of the 
spinning substrate, the solution will spread itself uniformly across the substrate, and 
the solvent will eventually evaporate.  The resulting product is a dried thin film of 
the polymer, which, due the refractive index mismatch between the film and the 
substrate, will create structural color of a single hue.  The thickness, and resulting 
color, of thin films depends on several parameters, including polymer concentration, 
solution viscosity, acceleration, and spin speed.  Thin films created by spin coating 
are much cheaper and easier to produce than the previously described methods of 
structural color biomimicry.   
 The thickness of thin films can range from the nanometer range, to several 
micrometers.  In addition, depending on the application, a thin film may only have 
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one layer, or several layers can be stacked on top of each other, therefore mimicking 
the multi-layered reflectors seen in nature.  The stacking of multiple thin film layers 
on top of each other also provides the opportunity to use different materials within 
the same thin film. 
 An example of multi-layered thin films with more than one material is the 
work done by Zhang et al [78].  This study created thin films with alternating layers 
of collagen and hyaluronic acid by using a layer-by-layer deposition technique.  
These two biomaterials were chosen specifically because they are both commonly 
found in the extracellular matrix, which is used for signaling and structural support 
between cells within animal tissue.  Because collagen is a structural protein used for 
scaffolds, the cell adhesion onto the collagen fibers within the multi-layered thin 
films was studied. 
2.5.3 BUTTERFLY MIMICRY 
 As stated earlier, butterfly wings are able to achieve structural color by 
creating ordered arrangements of alternating layers of high index of refraction, 
chitin, and low index of refraction, air pockets.  The difference in colors from one 
butterfly wing to another is due to the differences in light refraction and reflection 
through each respective wing.  For example, a butterfly wing with large air pockets 
of about one micrometer will appear brown, while a wing with much smaller air 
pockets may appear blue [79], similar to the blue Morpho butterfly in Figure 13. 
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  The biomimicry of multi-layer reflectors such as butterfly wings is a subject 
that has been heavily studied, but often times, the periodic arrangements found that 
produce structural color are too difficult to reproduce [80].  Therefore, many studies 
have been completed to gain a better understanding of the optical structures found in 
butterflies and other animals. 
        The transparent wings of the Greta Oto butterfly were analyzed by Binetti 
et al, and found that the surface of the wings had an array of nanosized 
protuberances, which allowed the wing to become antireflective [81].  Figure 14 is 
an Atomic Force Microscopy (AFM) image of the Greta Oto wing, and the size and 
arrangement of the protuberances from the wing can be readily seen.  As a result, the 
wing is able to be completely transparent, as was shown by the transmission 
spectrum, which had 100% transmission along the visible wavelength region. 
Figure 13: Blue Morpho butterfly with quarter wavelength multi‐layer reflectors [68]. 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  The photonic crystal structures of two types of butterflies, Cyanophrys remus 
and Albulina metallica were studied by Biro et al., both by scanning electron 
microscopy (SEM) and reflectance spectroscopy [79].  The SEM images found from 
these butterflies provided an insight into the complexity of the hierarchical structure 
that is common in animals that portray structural color.  Not only are there definite 
layers of chitin and air pockets, but SEM images showed that there was also long 
range order in the structure, as seen by well developed ridges.  The sizes of these 
ridges were different between the scales on the dorsal and ventral wings, which 
subsequently lead to slight color variations in the two wings.
 
 
  
 
Figure 14: AFM of the surface of the Greta Oto butterfly wing.  Protuberances are seen that create the anti‐reflective properties of the wing [81]. 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  The Vanessa cardui Linnaeus butterfly, also known as the painted lady 
butterfly, was studied to determine the composition of chitin found in the wings [14].  
By completing X-ray diffraction (XRD) and fourier transform infrared spectroscopy 
(FTIR), it was determined that there was α-chitin within the Vanessa cardui 
Linnaeus butterfly wings.  The outcome of structural color, due to the size of air 
pockets within a butterfly wing, is also noticeable because of the SEM images taken 
in this study.  Butterfly wings that have air pocket diameters of a specific size will 
cause light to reflect off the wing, such that a particular wavelength of light is seen.  
In the case of the Vanessa cardui Linnaeus butterfly wings, the SEM images, as seen 
in Figure 15, have an average diameter of about one micrometer, leading to a 
relatively brown butterfly (Fig. 16).  As described earlier, butterflies with smaller air 
pockets will have different colors. 
Figure 15: SEM image of the Vanessa cardui Linnaeus butterfly wings, with air pockets of about one micrometer in diameter [14]. 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  The periodic structure within the Teinopalpus imperialis butterfly wing was 
recreated by the use of electron tomography, which is an experimental technique that 
creates a series of two-dimensional images to ultimately create a three-dimensional 
computer generated image [82].  Argyos et al. found that the structural color within 
the butterfly is due to a tetrahedral structure of about 190 nm long, which was 
determined to be a triclinic unit cell. 
2.5.4 SILICA-CHITOSAN THIN FILMS 
 The major aim of this research is to develop a system, by using multi-layered 
thin films, that mimics that stacking sequence of butterfly wings, which have 
alternating layers of high (chitin) and low (air pockets) indices of refraction.  While 
chitosan was chosen as the high index layer, it was decided to create the low index 
layer by making a thin film comprised of nanoparticles stacked upon each other.  It is 
proposed that when these particles are piled onto each other in a random fashion, 
Figure 16: Image of a Vanessa cardui Linnaeus butterfly [14]. 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there will be voids that reside between the particles, primarily due to their spherical 
shape.  As a result, the air gaps and voids that will be entrapped in the nanoparticles 
layer will mimic the air pockets that are seen in butterfly wings, leading to a layer 
with a lower index of refraction than what the material would have in bulk form.  
Silica nanoparticles, with an average diameter of 22 nm, were chosen to create the 
low index layer because there would be resulting voids and air gaps between the 
particles.   
2.6 DRUG DELIVERY 
  Many drug delivery techniques are commonly administered by powder and 
liquid capsules, transdermal ointments, and intravenous solutions.  Typical drug 
release systems rely on diffusion of the drug from it was administered into the body; 
for example, oral drugs are absorbed through the digestive system.  Novel drug 
delivery systems have been developed such that the rate of release of the drug is 
determined, for a specific period of time, primarily due to the design of the system.  
For instance, several parameters can affect the rate of drug release, such as pH, 
chemical gradients, external fields, enzymes, temperature, and more importantly, the 
drug carrier system [83].   
  There are several different types of carrier systems that can be used to release 
drugs; the most common method for drugs to be released into the body is by 
diffusion, as followed by Fick’s Law of diffusion: 
                                          J = -D (dC/dx)                                (6) 
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where J is the diffusion flux, D is the diffusivity, and dC/dx is the rate of change of 
concentration over a certain distance.  Figure 17 contains several different examples 
of how drugs can be encapsulated within a polymer carrier system [84].  A polymer 
capsule can totally surround a drug, and after diffusion, the drug can permeate and 
exit the polymer capsule (Fig. 17A).  Instead of the drug being in the core of the 
capsule, different diffusion release properties occur when the drug is evenly 
dissolved and dispersed within the polymer capsule (Fig. 17B).  Other mechanisms 
of drug release besides diffusion are of course possible, such as chemical degradation 
of the polymer (Fig. 17C) and cleavage from a polymer backbone (Fig. 17D).  As 
stated earlier, the release from the drug carrier systems can be dependent on the 
surrounding environment, and it is possible for the polymer to swell or expand when 
exposed to a different chemical environment, such as a change in pH.  Such a change 
in the polymer capsule, as seen in Figure 17E, will allow for the expansion, 
separation, and diffusion of drug from within the capsule.  Figure 17F is slightly 
different from the previous examples in that porosities can form on the surface of the 
polymer carrier system because of water permeation due to osmotic pressure.  As a 
result, the formed pores provide an avenue for encapsulated drugs to be released 
from the polymer capsule.  Different from the previous example, Figure 17G already 
has pores in the outer surface of the polymer capsule.  The pores can be due to the 
synthesis of the actual polymer, or a determined number of pores can be laser drilled 
into the capsule.  The final example of a drug release system already has a controlled 
rate of drug release, but an additional burst is possible by contracting the walls of the 
polymer capsule because of an external magnetic field (Fig. 17H). 
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  Much of the current research for polymeric drug release systems involves the 
drug to be encapsulated into nanoparticles.  The use of nanotechnology for 
pharmaceutical drugs has gained tremendous momentum because of the significant 
advantages that are possible for such systems.  Because of their size, nanoparticles 
used for controlled drug release can be applied into very specific locations and target 
affected cells and/or tissue within the body [85].  In addition, their sub-cellular size 
Figure 17: Multiple drug release mechanisms from polymeric carrier systems.  The ways in which drugs are released in these systems include diffusion, chemical environment, and magnetic field [84]. 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allows such nanoparticles to penetrate into tissue, through capillaries, so that the 
drug can be efficiently diffused throughout the entire tissue [86].   
2.6.1 TRANSDERMAL CHITOSAN HYDROGELS 
 Much research has investigated the rate controlling of transdermal drug 
release via chitosan hydrogels and membranes.  The paper by Thacharodi et al. 
examines the time release of nifedipine, which is often used as a calcium channel 
blocker, as well as an antihypertensive [59, 87].  With multiple layers, including a 
backing membrane, drug reservoir, and rate controlling membrane (Fig. 18), this 
design uses chitosan for two different applications.  Firstly, a chitosan drug reservoir 
is used to temporarily entrap the drug within the transdermal patch.  Secondly, a rate 
controlling chitosan membrane resides underneath the drug reservoir, and an in vitro 
drug release study for this chitosan membrane was completed. 
Figure 18: Illustration of chitosan transdermal delivery system [59]. 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 W. Thein-Ham et al. developed chitosan membranes and studied the release 
kinetics of lidocaine, a local anesthetic, both in vivo and in vitro [60].  By using UV 
spectroscopy and monitoring the change in the absorbance peak at 263 nm, the 
release rates of different chitosan membranes was determined.  The release of 
lidocaine from the chitosan hydrogels was dependent on both the DD of the chitosan 
used, as well as the membrane thickness: slower release properties were possible 
with both an increase in thickness and a higher DD. 
 
2.6.2 CHITOSAN/POLY(ACRYLIC ACID) HOLLOW NANOSPHERE 
 Chitosan nanospheres is another interesting field of study that provides a 
route to administer drugs in a time controlled fashion.  Hu et al. developed a way to 
create hollow nanospheres of chitosan that form through the polymerization of 
acrylic acid [88].  Figure 19 illustrates the synthesis of chitosan/Poly(acrylic acid) 
(PAA) spheres.  Briefly, the mixing of chitosan and acrylic acid in an aqueous 
solution creates a micelle-like structure.  Next, the polymerization of acrylic acid 
makes a two shell sphere: the outer shell is chitosan and the inner shell is an 
interpolyelectrolyte complex formed by the bonding of the amine groups in 
protonated chitosan and negatively charged carboxyl groups in PAA [89].  Finally, 
the nanospheres can be crosslinked by GA.  Alternatively, drugs can be encapsulated 
within the chitosan/PAA hollow spheres by placing drug within solution, allowing 
for diffusion into the spheres, then subsequently crosslinking [90].  The size of the 
spheres depends on the concentration of chitosan and acrylic acid during synthesis: a 
more concentrated solution leads to smaller diameter spheres, and vice versa.   
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Figure 19: Synthesis route of chitosan/poly(acrylic acid) hollow nanospheres [90]. 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3. EXPERIMENTAL 
3.1 SOLUTION PREPARATION 
 The production of multi-layered thin films that mimic the structural color of 
butterfly wings, with alternating layers of high and low index of refraction, require 
two different solutions to be made from chitosan and silica.  
 The chitosan solution was created by dissolving 1.75% (w/v) low molecular 
weight (LMW) chitosan (MW= 50kDa, and DD = 88%) into 1% aqueous acetic acid.  
HDACS, which was used to crosslink chitosan [25], was also dissolved into the 
solution, in the quantity of 20 mg for every 10 mL of solution.  The chitosan solution 
was then allowed to stir overnight to ensure that the LMW chitosan had properly 
dissolved completely within the acetic acid solution.   
 A 40% colloidal solution of silica nanoparticles, with an average diameter of 
22 ± 2 nm, was used to make silica thin films.  To make a solution that would 
properly spin coat with an appropriate thickness, this solution was diluted with water 
and ethanol, with a silica solution:water:ethanol ratio of 2:4:1.  Next, tetramethyl 
orthosilicate (TMOS) was added as a crosslinking agent for the silica nanoparticles 
[91], creating a 3.25:1 concentration of silica solution:TMOS.  The silica solution 
was then stirred for less than two minutes before being used. 
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3.2 SPIN COATING 
 After mixing each respective solution, a Laurell WS-400B-6NPP-LITE spin 
coater (Fig. 20) was used to create thin films that exhibit structural color.  Thin films 
were spun onto silicon wafers, which were cleaned using a modified RCA method 
[92, 93].  Wafers were first submerged into a boiling solution of NH4OH:H2O2:H2O 
(1:1:5) for at least five minutes.  After being rinsed thoroughly with water, the 
wafers were then submerged into a boiling solution of HCl:H2O2:H2O (1:1:5) for at 
least five minutes.  The wafers were once again rinsed with water, and then dried 
under nitrogen. 
 To create the thin film layers, approximately 0.3 mL of solution was dripped 
onto the Si wafer, making sure to have an even coating free of particulates and 
bubbles.  Unless otherwise stated, chitosan films were spun at 4500 RPM for one 
Figure 20: Laurell WS‐400B‐6NPP‐LITE [93]. 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minute; silica films were spun at 4000 RPM for 30 seconds. After spin coating, 
chitosan layers were then crosslinked by heating at 120 °C for two hours. 
 Multi-layered thin films of silica and chitosan were created by subsequently 
spin coating alternating layers of silica and chitosan onto each other.  Figure 21 is an 
illustration of the produced silica-chitosan thin films, with an initial layer of silica, 
and a final top layer of chitosan.  All thin films made consist of three bilayers, unless 
otherwise stated; a bilayer includes one layer of silica and one of chitosan.  Also, 
before the subsequent silica layer could be deposited, the previously spin coated 
chitosan layer must be properly crosslinked.   
 
Figure 21: Multi‐layered silica‐chitosan thin films onto a silicon wafer substrate.  Thin films consist of three bilayers, with the first layer deposited being silica, and the final layer being chitosan. 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3.3 ELLIPSOMETRY 
 Ellipsometry is a versatile optical technique that is able to measure different 
optical and physical attributes of thin films using an electromagnetic plane wave.  An 
E-M wave consists of two components, an electric field and a magnetic field, both of 
which reside in its own plane and perpendicular to each other.  Figure 22 depicts 
how ellipsometry functions [94].  First, a beam of polarized light is transmitted, with 
a known angle and polarized state, from a light source to the sample.  Once the light 
comes in contact with the sample, and is subsequently reflected towards the detector, 
the beam polarization changes due to parameters of the thin film, such as thickness, 
Figure 22: Illustration of polarized light being reflected from a sample and sent to a detector [94]. 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index of refraction, and extinction coefficient.  As a result, the Ex and Ey fields of the 
E-M wave are no longer equal in magnitude, leading to an ellipse, as seen in Figure 
22.   
 Instead of having a single angle of incident light, ellipsometry can use an 
array of angles, ultimately leading to different results because the light will have a 
different path length through the thin film.  Also, spectroscopic ellipsometry looks at 
a wide wavelength range because, once again, results change with wavelength.  In 
addition to determining the thickness of a film, ellipsometry can also find the optical 
properties of the sample, including index of refraction and dielectric constant. 
 After creating a thin film onto a silicon wafer substrate, the thickness and the 
refractive index was measured using a J.A. Woollam, Inc. Spectroscopic 
Ellipsometer; a reflectance angle of 65° was used.  WVase34 software, while using a 
Cauchy model fit parameter, was used to analyze the optical properties of the thin 
films.  The Cauchy model produces the index of refraction by determining values for 
constants A, B, and C in the equation: 
          nr = (A/λ) + (B/λ2) + (C/λ4)                           (7) 
where λ is the wavelength of light.  As is evident from equation 7, the index of 
refraction is a function of the wavelength of light; however, all reported values of nr 
used a single wavelength of 589 nm.  Both the thickness and index of refraction were 
found for each thin film before any additional layers were added.  Additionally, the 
change in these values was monitored after the addition of layers.   
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3.4 REFLECTOMETRY 
 After a thin film has been produced, the reflectance of the film was measured 
as a function of wavelength by using a USB 2000 fiber optic spectrometer produced 
by Ocean Optics Inc.  Briefly, fiber optic cables, which are bundled together into 
one, first send a light signal that is ultimately shined onto the thin film sample (Fig. 
23).  Next, the incident light, which is normal to the plane of the film, will 
subsequently reflect back into the optics, and the reflected light will finally be 
deciphered by the USB 2000 and revealed as a plot of % reflectance vs. wavelength 
on the connected computer [94]. 
Figure 23: Direction of light traveling through a fiber bundle used for reflectometry [94]. 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3.5 SCANNING ELECTRON MICROSCOPY 
 In addition to reflectometry and ellipsometry, the silica-chitosan multi-
layered thin films were characterized by creating cross-section images of the films 
using scanning electron microscopy (SEM).  Briefly, SEM is different from optical 
microscopy in that SEM uses a generated electron beam to resolve images, rather 
than optical light.  After striking the sample surface, the SEM detects the scattered 
electrons and is subsequently able to generate an image of the sample.  As a result, 
by imaging the cross-section of the silica-chitosan films, which was spin coated to 
have three bilayers, one is able to distinguish three distinct bilayers in the image, 
ultimately creating an image that would be similar to the model in Figure 21 in 
Section 3.2.  SEM of the thin films was measured using a Zeiss Supra 50VP with a 
voltage of 3.5 kV (Fig. 24).  Before the samples could be imaged, they were sputter 
coated with platinum for 10 seconds to improve charging. 
Figure 24: Photograph of a Zeiss Supra 50VP, used for the cross‐section imaging of silica‐chitosan thin films. 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3.6 ATOMIC FORCE MICROSCOPY 
 Atomic force microscopy (AFM) was another characterization technique 
used to study these thin films, providing several valuable pieces of information.  
AFM is a powerful technique that can provide resolution imaging down to the atomic 
range.  This is done by the use of a cantilever, which probes the surface of a sample, 
and as it scans across the sample, a laser detects the vertical shifts in the cantilever, 
due to the topography of the sample.  The laser will reflect off of the top of the 
cantilever, and will be received by the detector.   
 There are several different modes that can be employed for AFM.  The 
chosen mode for these thin films is called “tapping” mode, which means that the 
cantilever will automatically have periodic amplitude undulations, as if tapping the 
surface of the sample.  This mode is typically used for soft materials, such as 
polymers, because it is gentler than the regular contact mode.  Tapping mode was 
used to create topography as well as phase images, which are generated by 
determining the change in phase of the periodic vibration of the cantilever at the 
location on the sample. 
 The AFM used was an Asylum Research Molecular Force Probe 3D.  By 
creating AFM images for both silica and chitosan thin films, the surface roughness of 
both films was compared.  It was expected that the root mean squared (RMS) 
roughness of the silica thin films would be higher than that of the chitosan film, 
primarily due to the voids and spaces in between silica nanoparticles.  These voids 
were also examined by the images created by AFM, primarily to provide visual 
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evidence that the silica nanoparticles layer accurately mimicked the air pockets of 
butterfly wings.  Finally the monodispersity of silica nanoparticles were inspected 
using the AFM images. 
3.7 SOLUTION STABILITY TESTING 
 Even though each layer of silica and chitosan was crosslinked with TMOS 
and HDACS, respectively, the multi-layered thin films were tested to ensure they 
would survive being placed into various solutions for an extended period of time.  If 
the films either dissolve or delaminate from the silicon substrate due to this test, then 
they could not be used for any reasonable applications.  As a result, silica-chitosan 
thin films were placed into various organic and aqueous solutions for a half an hour 
to monitor the stability of the films.  Individual films were placed in aqueous 
solutions with a pH of 2, 5, 7, and 10.  Films were also put into ethanol (hydrophilic) 
and dichloromethane (hydrophobic) solutions. 
3.8 MECHANICAL STABILITY TESTING 
 In addition to solution testing, various mechanical tests were completed, 
primarily to compare the mechanical properties of single layer chitosan thin films to 
that of multi-layered silica-chitosan thin films. 
3.8.1 PEEL TESTING 
 A simple peel test was completed to compare the adhesive properties to the 
silicon wafer of single layer chitosan thin films to that of multi-layered silica-
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chitosan thin films.  This was done by placing clear tape onto the edge of the surface 
of the film and slowly removing the tape.  After this was done, the delamination, 
wear, and damage the thin films were observed. 
3.8.2 NANOINDENTATION 
 Nanoindentation is a technique that is commonly used to determine 
mechanical properties of a sample, such as modulus and stress-strain curves, 
specifically when it is not practical to complete an Instron test.  Nanoindentation is 
different from regular indentation because the depth of the indenter tip into the 
sample possesses a resolution of well under a nanometer.   
 The purpose of this experiment was to compare the modulus and hardness 
values of single layer chitosan thin films and silica-chitosan thin films.  The indenter 
tip used for all nanoindentation tests was a five micrometer spherical tip; other tips, 
such as Berkovich and Cube Corner, are more suitable for harder materials like 
metals and ceramics.  The thickness of the thin films used for the testing was of vital 
importance to achieve accurate results.  More specifically, if the films tested were 
not thick enough, the reported mechanical properties would also be a function of the 
silicon wafer substrate.  As a result, chitosan thin films were made so that they were 
at least one micrometer in thickness, and a fourth bilayer was added to the silica-
chitosan thin films.  Furthermore, it is common to limit the depth of the indentation 
to 10% of the overall film thickness [95], so all indentations were limited to 100 nm.  
This ensured that the properties reported were due to only the film, and not due to the 
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silicon wafer.  Nanoindentation was completed on both chitosan and silica-chitosan 
films using an XPS Nanoindenter with CSM. 
  3.8.3 SCRATCH TESTING 
 In addition to using the nanoindenter to determine the hardness and modulus 
of thin films, nanoindentation was also used for scratch testing.  Instead of applying 
a load normal to the sample surface, scratch testing is completed by using a constant 
force to drag the indenter tip across the sample.  All scratches were competed by 
using a constant load of 10 mN to create a 500 µm scratch.  By comparing the depth 
and width of the residual scratches, as well as the pile-up height, of both chitosan and 
silica-chitosan thin films, it can be determined which film is more scratch resistant. 
 Another simpler scratch test was completed to compare chitosan and silica-
chitosan thin films, simply by scratching a fingernail across the surface of the thin 
films.  The purpose of this is to examine the ease at which the film can be scratched 
off from the silicon substrate. 
3.9 HEXAVALENT CHROMIUM TESTING 
 Because previous results for hexavalent chromium testing using thin films 
have shown consistent red-shifting [96], it was chosen as the metallic ion to use to 
test the sensitivity of silica-chitosan thin films.  Previously produced solutions of 
CrO3, which had 500 ppm of Cr(VI) ions, were diluted such that the solutions were 
ultimately 50 ppm of Cr(VI).  Next, the silica-chitosan thin films, which had already 
been characterized using ellipsometry and reflectometry, were placed within the 50 
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ppm solution for five minutes.  Afterwards, the films were taken out of the solution 
and dried under nitrogen.   
 Once the films had undergone the Cr(VI) solution testing, they were re-
examined using ellipsometry and reflectometry.  More specifically, the change in 
thickness and index of refraction of the top bilayer was determined by ellipsometry, 
and the shift of the reflectance profile, especially the maximum peak, was found by 
reflectometry. 
3.10 CONTROLLED DRUG RELEASE 
  UV-Vis spectroscopy can determine several different optical characteristics 
of a given sample as a function of wavelength, including absorption, transmission, 
and reflectance.  This spectroscopy technique typically operates within the 
wavelength range of 190 to 900 nm, which encompasses the entire visible spectrum, 
as well as near-IR and near-UV ranges.  UV-Vis functions due to the Beer-Lambert 
Law: 
      A = log(I/I0) = abc                     (8) 
where A is the absorbance, a is molar absorptivity, b is the path length, c is the 
concentration, and I and I0 are the final and initial intensities, respectively.  Samples 
are often placed in solution within a quartz cuvette because, unlike plastics and glass, 
quartz is transparent in the near-UV range.  
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 The release properties of drugs, entrapped within the multi-layered thin films, 
were also studied.  Before spin-coating the chitosan thin films, a previously 
determined amount of drug was dissolved into the polymer solution.  Several 
different types of drugs were chosen for this testing (Table 1), primarily to determine 
which would be most suitable for such a drug release system because it readily 
dissolves within slightly acidic aqueous solutions.  Drugs were dissolved into a 
previously mixed chitosan solution and spin coated, and the film was then 
crosslinked.  The release property of drugs from thin films was studied by creating a 
plot of absorbance vs. wavelength from the UV-Vis measurement.  
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Table 1: Drug name and chemical structure, used in drug release study. 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4. RESULTS & DISCUSSION 
4.1 CHITOSAN FILMS 
 As stated previously in Section 3.1, the preparation of a chitosan solution 
required dissolving a predetermined amount of chitosan into a 1% acetic acid 
solution.  The viscosity of the solution was dependent upon two parameters: the MW 
of chitosan, and the quantity of chitosan dissolved.  When a higher MW chitosan was 
used, there was a significant increase in the viscosity.  Because higher MW made the 
solution too viscous to spin coat, all completed experiments utilized LMW chitosan, 
unless otherwise stated.  When solutions were prepared that required a different 
viscosity then what was previously made, the easiest way to do so was to simply 
change the amount of LMW chitosan added to the acetic acid solution; a larger 
amount of chitosan added yielded a more viscous chitosan solution.  For most 
experiments, 1-2 wt% LMW chitosan solutions were prepared.  Figure 25 is a 
photograph of a 1.75 wt% LMW chitosan solution.  
 During the spin coating process, there are several parameters that can affect 
the final film thickness: solution viscosity, acceleration, and spin speed.  While an 
increase in the viscosity led to an increase in the thin film thickness, increases in 
acceleration and spin speed, which were variable parameters of the spin coater, 
decreased the thickness of the thin films.  Often times, a specific thickness was 
desired for a chitosan film, so these parameters needed to be adjusted and monitored 
to ensure a precise and repeatable film thickness.  The final desired product was a  
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chitosan thin film that was approximately 80 nm in thickness; the reasoning behind 
this thickness value will be discussed in detail in Section 4.4.1. 
4.1.1 HDACS 
 Once chitosan thin films were spin coated, they were not stable; if placed 
within water, the chitosan film would be completely removed from the silica wafer.  
As a result, HDACS was chosen to crosslink all chitosan films in this study [25].  As 
stated in Section 3.2, the crosslinking of chitosan via HDACS was completed by 
placing the chitosan films into an oven at 120°C for 2 hours.  It was typically 
observed that the crosslinking would reduce the overall chitosan thickness by about 
20 nm or so.  Therefore, to get a final chitosan thin film thickness of about 80 nm, 
the film thickness prior to crosslinking must be about 100 nm.  Also, after 
Figure 25: 1.75 wt% chitosan in a 1% acetic acid solution 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crosslinking, chitosan films were stable such that when they were subsequently 
placed in water, the change in thickness was only 2-3 nm. 
4.2 SILICA FILMS 
 The method for creating silica solutions incorporates the hydrolysis of TMOS 
to crosslink the silica thin film layer.  Without TMOS, a silica solution can still be 
spin coated, but this layer, however, is not stable, especially when a subsequent layer 
is spin coated on top of the previous layer.  More specifically, both the index of 
refraction and the thickness of the previous layer can be affected by the addition of 
the next layer.  Without crosslinking, the silica layer can have its properties affected, 
just by the addition of a second layer. 
 As a consequence, TMOS hydrolysis has shown to be a more than adequate 
way to crosslink the silica layer.  During the reaction, TMOS will bond with silica 
nanoparticles that are in the solution, creating an intermeshing network of Ludox and 
TMOS.  The method of removing methanol groups from TMOS leads to a hydrolysis 
reaction, which is often catalyzed by acids or bases [91].  Therefore, because Ludox 
AS-40 has a pH of 9, hydrolysis occurs within a few minutes.  Also, ethanol is 
included into the silica solution due to the fact that it has been shown to expedite the 
reaction.  Furthermore, soon after TMOS is added to the silica solution, the 
temperature of the plastic tube holding the solution rises considerably, indicating that 
an exothermic reaction (hydrolysis) is underway.  
 Fortunately, the polymerized silica solution that forms does not actually 
congeal, so it is still able to spin coat after the reaction takes place.  A good practice 
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is to also filter the solution before applying it to the silicon substrate to ensure that 
inclusions and defects do not readily appear on the thin film.    
4.3 SILICA-CHITOSAN FILMS 
 The process of creating multi-layered silica-chitosan thin films simply 
requires spin coating alternating layers of silica and chitosan solutions onto the same 
silicon wafer.  As previously shown in Figure 21, the thin films made consisted of 
three bilayers, where a bilayer is the combination of a layer of silica and chitosan.  
The first layer was always silica, and the final top layer was chitosan.  Figure 26 
shows a) a single chitosan thin film, b) a single silica thin film, and c) a multi-
layered silica thin film with three bilayers.  It can be readily seen that the films in 
Figure 26 are incredibly smooth and uniform, lacking any major variations or 
defects.  Also, Figure 27 shows several different silica-chitosan thin films, in which 
the perceived color from each film is dependent on the angle of incident light from  
 
Figure 26: From left to right a) chitosan film of thickness 80 nm, cross-linked with HDACS  b) silica film of 
300 nm cross-linked with TMOS  c) silica-chitosan thin film with three bilayers of silica and chitosan. 
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the wafer.  This high color variance is due to the tremendous iridescence that silica-
chitosan films possess.     
4.4 ELLIPSOMETRY 
 The purpose of using ellipsometry was to determine the thickness and 
refractive index of thin films.  The important task, when determining these values for 
multi-layered thin films, is to complete ellipsometry after the addition of each layer 
is added.  Therefore, an individual Cauchy model fit, which was previously 
described in Section 3.3, was needed for every spin coated layer.  One difficulty with 
this method is the possibility of changes in the previous layer.  The reason why 
TMOS was utilized within the silica layer was to reduce this effect; however, there 
was a small degree in alterations in the values of the previously applied layer.  As a 
Figure 27: Several multi‐layered silica‐chitosan thin films, with different perceived colors due to the strong iridescent properties of the films. 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result, to reduce the mean square error (MSE) as much as possible, the top two layers 
of every multi-layered thin film were fit to the Cauchy model in unison. 
4.4.1 THICKNESS 
 Using parameters such as viscosity and spin speed, the aimed thicknesses of 
silica and chitosan films was 300 nm and 80 nm, respectively; the actual mean 
thicknesses were 286.6 ± 22.5 nm and 78.8 nm ± 7.6 nm.  Although spin coated thin 
films are almost completely uniform, there are slight variations in the thickness.  
More specifically, all spin coated thin films will have outer edges that are 
approximately 3-6 nm thinner than the center of the film.  This effect is due to the 
fact that the angular momentum that the solution undergoes on the outer part of the 
wafer is greater than the angular momentum in the center of the wafer. 
 The reasoning for creating multi-layered thin films with these previously 
selected thickness values was twofold.  First of all, as explained earlier in Section 
2.5.2, the high refractive index layer of multi-layered reflectors should have a 
thickness approximately a quarter the wavelength of light to achieve the most 
reflective film.  As a result, the reflectance efficiency of multi-layered thin films 
increased when the silica layer was thicker than the chitosan layer.  Secondly, since 
the purpose of this research was to mimic the stacking sequence of butterflies, an 
SEM image of a butterfly wing, as in Figure 15, shows that the chitin layers are 
significantly thinner than the diameter of the air pockets.  The designated thicknesses 
for silica and chitosan layers were therefore appropriate because they maximized 
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reflectance using quarter-wavelength values and mimicked the structure of butterfly 
wings.  
4.4.2 INDEX OF REFRACTION 
 In addition to thickness values, the index of refraction of each individual 
layer was determined through ellipsometry.  The nr of the chitosan thin films, 
measured at room temperature and a wavelength of 589 nm, was found to be 1.52 ± 
0.02, which was not dependent on the previous layer applied to the silicon wafer.  
This indicates that there was very little interaction or mixing between individual 
layers.   
 The nr of the silica layers was of vital importance; for the silica-chitosan thin 
films to properly mimic the stacking sequence of butterfly wings, the nr of silica 
layers must be substantially less than 1.52.  After completing ellipsometry, the nr of 
layers of silica was 1.33 ± 0.02, indicating that there existed a significant difference 
between the nr of chitosan and silica thin films (approximately 0.2), similar to what 
is commonly seen in butterfly wings.  Table 2 lists all of the determined thickness 
and nr values for two dozen chitosan and silica thin films.  One way to indicate that 
there existed voids and air gaps between individual nanoparticles was to compare the 
 
 
 
 Chitosan Silica 
   
Thickness (nm) 78.8 ± 7.6 286.6 ± 22.5 
Index of 
Refraction 1.52 ± 0.02 1.33 ± 0.02  Table 2: Ellipsometry data 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experimental value of nr to various reported values for silica.  Previous reports for 
the index of refraction for bulk silica indicate that it is 1.46 [97], and studies focusing 
on silica nanoparticles found the index to be similar [98]. Therefore, it is evident that 
there must be porosities that reside within the silica layer to significantly reduce the 
index to 1.33.  The percent porosity of the silica layer can be calculated by the rule of 
mixtures: p = (n2 – n1)/(nSiO2 - nair) = (1.46-1.33)/(1.46-1) = 0.283, where the silica 
nanoparticle layer is calculated to be approximately 28.3% porous.   
4.5 REFLECTOMETRY 
 One of the intended applications for silica-chitosan thin films is for the use in 
heavy metal ion detection.  Natural polymers have been previously shown that they 
can be used as a detector for metallic ions within a water source because chelation 
leads to a change in thickness of the thin film, which ultimately changes the 
perceived structural color of the film [75, 99].  One way to quantitatively describe 
the color of a given film is through reflectometry, which produces a plot of % 
reflectance vs. wavelength.  It has also been described that the use of multi-layered 
thin films, with alternating layers of high and low nr, will lead to an overall 
sharpening of the maximum peak of the reflectance profile of the thin film [94].   
 Figure 28 is an experimentally produced reflectometry graph, showing the 
reflectance profiles of a single layer of chitosan, as well as a multi-layered chitosan 
thin film.  When first examining the single layered film, although it has a perceived 
blue color, the plot reveals that the chitosan film reflects essentially the entire visible 
spectrum due to its very broad maximum peak.  On the other hand, the multi-layered 
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thin film has a vastly different reflectance profile, with a very steep maximum peak 
and other side peaks that are smaller in magnitude.  If both of these films 
hypothetically underwent a metallic ion detection test, both spectra would shift along 
the x-axis.  Once the single layered peak shifted, the perceived color of the film 
would remain the same, because the broadness of the peak would force it to reflect 
the exact same wavelength values.  Once the multi-layered film shifted, however, it 
would reflect an entirely different set of wavelengths because of the specificity of the 
peaks.  As a result, the perceived color of the film would change. 
 During the production of silica-chitosan thin films, reflectometry was 
completed after each bilayer was completed, and Figure 29 shows the evolution of 
the reflectance profile of thin films with one, two, and three bilayers.  Several 
Figure 28: Comparison of reflectance vs. wavelength curves for single and multi‐layer chitosan thin films. 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important conclusions can be drawn from the figure.  First of all, when more bilayers 
were added to the thin film, the maximum peak became increasingly steep.  Also, 
with the addition of more bilayers, the side peaks were reduced in magnitude, further 
emphasizing the large reflectance of the maximum peak.  Finally, even though 
additional layers were added to the multi-layered thin film, the location of the 
maximum peak remained at relatively the same wavelength because the thicknesses 
of each bilayer remained consistent throughout the film.  Because the parameters of 
spin coating provided consistency from layer to layer, the reflected light from each 
bilayer is identical to the light reflected from the other bilayers, as shown in Figure 
30.  If the thickness of one or more of the layers was incorrect, then the reflecting 
light would not be identical from each bilayer as it is in Figure 30.  By examining 
Figure 29: Reflectance vs. wavelength curves of silica‐chitosan thin films after each additional bilayer is added. 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both Figures 29 and 30 together, it is evident that it is more favorable to have as 
many bilayers of silica and chitosan as possible, leading to a more reflective thin 
film.  Although true, it is impractical to make a silica-chitosan thin film that contains 
10, 20, or 30 bilayers.  One of the applications of these films is to be used as an 
inexpensive, easy to produce detector for metallic ions within a water source; having 
dozens of bilayers would take an exorbitant amount of time to manufacture. In 
addition, although the benefit of having many bilayers is having a steeper maximum 
peak during reflectometry, this increase in steepness is diminished, and the 
reflectance is at the maximum peak wavelength is eventually saturated.  Therefore, 
Figure 30: Illustration of light reflecting from a multi‐layered thin film of silica (light grey) and chitosan (green) layers on a silicon wafer (dark grey). 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three bilayers were chosen because they can be produced in a reasonable amount of 
time, all while still providing the benefits of a steep maximum peak.  
 One final note of vital importance is the reasoning as to why chitosan was 
chosen as the top layer (and silica as the bottom layer) rather than the vice versa.  
Figure 31 was created by using FilmWizard, software that is commonly used to 
model the optical properties of thin films.  The red plot shows the reflectance profile 
of a multi-layered thin film with chitosan as the top layer (and silica as the bottom 
layer), and the black plot shows the reflectance with silica as the top layer (and 
chitosan the bottom).    What is evident from this figure is that the maximum peak 
that resides when chitosan is the top layer vanishes and becomes a node when silica 
is the top layer.  The proper method for producing silica-chitosan films was, 
therefore, to have silica as the bottom layer and chitosan as the top layer. 
 
 
 
 
 
 
Figure 31: FilmWizard simulation of silica‐chitosan thin films with silica as the top layer (black) and chitosan as the top layer (red). 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4.6 SCANNING ELECTRON MICROSCOPY 
 In addition to characterizing the optical properties of silica-chitosan thin 
films, microscopy was used to further examine the interaction between layers, as 
well as the porosities that exist within the silica nanoparticle layer.  SEM was used to 
obtain images of the cross section of the multi-layered film; this was done by using a 
diamond-tip knife to split the silicon wafer in half.  The purpose of doing this was to 
look at the cross section of the films in the middle of the wafer rather than the edge, 
where there would most likely exist severe damage and flaking due to handling of 
the films.  Figures 32a and 32b are both SEM images of different multi-layered thin 
films that clearly reveal each individual bilayer residing on the silicon wafer.  Even 
though the edges may appear jagged an uneven, the dividing line from one layer to 
the other is very clear and exact.  This proves not only that spin coating created 
incredibly uniform films, but also that the application of a layer onto a previously 
existing layer does not visibly damage the previous layer.  Also, even though Figures 
32a and 32b are cross section images, the distance measurements do not actually 
correspond to the thickness of the films.  This is because the images were taken at an 
angle; the SEM stage could not be rotated such that the side of the samples was 
completely perpendicular to the electron beam.   
 After inspecting Figure 32c, it seems as if the top chitosan layer was scraped 
off or damaged somehow, revealing the silica nanoparticle layer just beneath it.  
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Figure 32: SEM images of silica‐chitosan thin films on silicon wafers. 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Figure 32: SEM images of silica‐chitosan thin films on silicon wafers, with scale bar of 2 µm. 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Just by appearance, this figure easily shows the difference between the chitosan 
layer, which is smooth and uniform, to the silica layer, which is rough from what 
seems to be porosities and voids between clumps of nanoparticles.  In conjunction 
with the ellipsometry data, Figure 32c is further proof that there are a substantial 
amount of air gaps and voids between the silica nanoparticles.   
 Finally, Figure 32d shows severe damage, as this image was taken not from 
the center of the film, but rather it was taken from the outer edge of the film.  This 
figure is interesting because it shows what seems to be a flake that delaminated from 
the silicon wafer and folded onto itself.  This is important because it reveals that 
although the handling of the film may have caused it to delaminate, the individual 
layers within the thin film have been extensively crosslinked such that they cannot be 
separated easily. 
4.7 ATOMIC FORCE MICROSCOPY 
 AFM was completed to examine several different properties of silica and 
chitosan thin films.  Figure 33a is the AFM image of the surface of a chitosan thin 
film.  The determined root mean squared (rms) roughness of the chitosan layer was 
1.37 nm, indicating that the spin coating of chitosan leads to a very thin and uniform 
thin film.  The diagonal striations that are visible in Figure 33a are due to  vibrations 
from the building and are not because of the chitosan film.  
  Conversely, Figure 33b is the AFM image of a single silica layer.  A stark 
contrast to chitosan, the image of the silica layer reveals several different facts.  First 
of all, the individual silica nanoparticles are completely monodisperse, with no large  
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a) 
b) 
Figure 33: AFM tapping mode topography images of a) chitosan thin film, with an rms roughness of 1.37 nm and b) silica thin film, with an rms roughness of 3.99 nm and nanoparticle diameter of 22 nm. 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variations in size.  Secondly, it was determined that the rms roughness of the silica 
film was 3.99 nm, almost three times as rough as that of chitosan.  Finally, Figure 
33b illustrates that the silica nanoparticles do not necessarily pack onto each other in 
an ordered closed packed fashion, but instead, the packing is relatively random, with 
large voids and spaces that are seen.  It is these voids between clusters of particles 
that ultimately mimic the air pockets that are seen within butterfly wings.  Like the 
butterfly wing, which has alternating layers of high and low index of refraction, 
silica-chitosan films also replicate this stacking sequence.  While the index of 
refraction of most silica is around 1.46, the air gaps and voids that are readily seen in 
the AFM image of the silica film lead to a substantially lower index (1.33) for the 
silica layer. 
 In addition to using AFM to provide topographical images of silica and 
chitosan films, AFM was also used to image the cross section of the silica-chitosan 
thin films.  This was previously done using SEM, but AFM would be able to provide 
additional information that would not necessarily be available by SEM.  Similar to 
the cross-section SEM images, the AFM samples were split in half so that the cross 
section of the center of the film could be examined, rather than the outer area of the 
film.   
 Figures 34a and 34b are the AFM tapping mode phase images of the cross-
section of silica-chitosan thin films.  These figures are different from the previous 
AFM images, which show the topography of each respective sample, because 
imaged here is the phase lag between the AFM cantilever and the signal input at that 
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Figure 34: AFM tapping mode phase images of silica chitosan thin films, taken at two different angles.  The dark, uniform region is the silicon wafer, the dark un‐uniform region is the silica nanoparticle layer, the bright region is the chitosan layer.  The final chitosan layer is accompanied by a similarly bright region, indicating the edge of the film.   
a) 
b) 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particular location of the sample.  Phase images were chosen instead of 
topographical images because the latter would simply describe the fracture surface, 
rather than the cross section of the thin film.  Phase imaging provides additional 
information that was not previously shown by the SEM images: silica and chitosan 
produce a different phase lag, due to their different mechanical properties, and as a 
result, are colored differently.  Because the chitosan layer is softer than the layer of 
silica nanoparticles, there is a larger phase difference, and is shown as a brighter 
layer than the silica layer.   
 Although some parts of the chitosan layer are covered by silica residue from 
the fracture of the film during sample preparation, three individual chitosan layers 
are visible.  The layers are proven to not be an artifact because of Figure 34b, which 
still has the same exact bright layers, despite being rotated 45°.  Also, within the 
silica layers, there appears to be an array of “shark tooth” shaped objects throughout 
the entire multi-layered film.  This most likely is an error produced by the AFM, due 
to large variations in the topography of the film.  When comparing the uniformity of 
silica and chitosan layers, the silica layer is littered with much more variations and 
imperfections, which ultimately leads to the lower index of refraction of the silica 
layers.  It is this lower index that allows silica-chitosan thin films to mimic the 
stacking sequence commonly seen in butterfly wings. 
4.8 SOLUTION STABILITY 
 After the silica-chitosan thin films were successfully made and characterized, 
they underwent several stability tests, primarily to compare their robustness to that of 
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single layer chitosan films.  Firstly, silica-chitosan films were placed into a variety of 
different solutions for at least a half hour.  This was done to see if they would 
delaminate or flake off from the silicon wafer, as well as become damaged in any 
fashion.  Because these films have the intended purpose of being applied for heavy 
metallic ion detection and controlled drug release, if the films must remain intact. 
 As previously stated in Section 3.7, silica-chitosan films were placed into 
solutions of ethanol, dichloromethane, and aqueous solutions with a pH of 2, 5, 7, 
and 10.  After undergoing these tests, none of the thin films delaminated or flaked off 
from the silicon wafer.  Furthermore, there was no perceivable damage to the films 
whatsoever.  Each film that underwent the solution stability testing was previously 
characterized with ellipsometry and reflectometry, and it was concluded that the only 
change that the silica-chitosan films underwent during this test was a reduction in the 
top layer thickness of a few nanometers.  This effect, however, is commonly seen in 
crosslinked chitosan thin films after being placed into water, and it can be attributed 
to the fact that it may not have been entirely crosslinked.  Nevertheless, as this effect 
is always seen in chitosan films, and it is only a few nanometers, it can be stated that 
the silica-chitosan films were unchanged by the solution stability testing. 
4.9 MECHANICAL STABILITY 
 The following section discusses the various tests that were completed to 
examine the mechanical robustness of silica-chitosan thin films.  One of the issues 
with chitosan thin films is that they are fragile and can scratch quite easily, especially 
during handling. As a result, it was hypothesized that an additional benefit to these 
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extensively crosslinked multi-layered thin films would be an enhancement in 
mechanical properties.   
 Figure 35 is a photograph of a silica-chitosan thin film that had shattered after 
it had been accidentally dropped onto the ground.  This is an interesting picture 
because it reveals, as seen by the color of the film, that the silica-chitosan film had 
not been damaged at all by the cracking of the silicon wafer substrate.  Except for the 
fact that it was split into two, there was no delamination from the wafer.  
Furthermore, if this film would have been used for the application of heavy metal ion 
detection, it could still be used because the structural color is retained within the 
film. 
4.9.1 PEEL TESTING 
 One of the mechanical stability tests that was completed was to see how 
easily a silica-chitosan thin film could delaminate or peel away from the silicon 
Figure 35: Silica‐chitosan thin film that cracked after impacting the floor.  The thin film does not delaminate or peel away from the silicon wafer. 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wafer.  This simple test was performed by placing clear plastic tape on the corner of 
the wafer, then slowly attempting to pull the entire film away from the wafer.  This 
peel test was first completed on a single layer chitosan film, and the chitosan film 
was able to easily peel away from the silicon wafer.  On the other hand, when this 
was tried with the silica-chitosan thin films, the film was unable to be removed with 
the tape.  There are two reasons for the film remaining intact and not delaminating 
during this test.  First of all, each layer was individually crosslinked, either with 
HDACS or TMOS, so that the film as a whole remained intact.  Secondly, when the 
very first layer of silica was spin coated onto the silicon substrate, the TMOS not 
only bonded with the silica nanoparticles in solution, but also to the oxide layer that 
resided on the top of the silicon wafer.     
4.9.2 NANOINDENTATION 
 Nanoindentation was used to compare the Young’s modulus and hardness of 
silica-chitosan thin films to those of chitosan films.  Table 3 shows the determined 
modulus and hardness values after completing the nanoindentation experiments, and 
as can be seen by the table, the mechanical properties of silica-chitosan thin films are 
substantially better than those of chitosan thin films.  This increase in mechanical 
properties can be attributed to the addition of silica nanoparticles within the thin 
film, which improves the strength of the films.  Also, as mentioned previously, silica 
and chitosan layers are each individually crosslinked by TMOS and HDACS, 
respectively.  As a result, the greatly crosslinked films are more mechanically robust 
than just a single layer of chitosan.   
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 Much of the literature that had completed mechanical studies on chitosan had 
stated that the Young’s modulus of bulk chitosan is about one GPa, with chitin 
samples having an even higher modulus of about 10 GPa [100-102].  There are a few 
reasons for the discrepancy between these values and this study’s reported modulus.  
Firstly, the modulus of chitosan that is found in the literature is that of chitosan that 
has not been crosslinked, while the tested samples in this study had chitosan 
crosslinked by HDACS.  Crosslinking polymers has been shown to increase the 
mechanical properties [103], and it explains much of the discrepancy between the 
literature and experimental values. 
  Secondly, the literature values were completed on bulk chitosan, which 
would lead to different results had the studies been completed on chitosan that was in 
thin film form.  Although there is not any research that had been completed that 
examines the Young’s modulus of chitosan thin films, Martin et al. found the 
modulus of uncrosslinked chitosan cast films, with a thickness of about 350 µm, to 
be closer to 4 GPa [104].  Although their results were still not completed on thin 
 Chitosan Silica-Chitosan 
   
Modulus (GPa) 11.2 ± 1.7 17.2 ± 1.18 
Hardness (GPa) 0.28 ± 0.1 0.62 ± 0.05 
Table 3: Mechanical properties of chitosan and silica‐chitosan thin films, determined by nanoindentation. 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films, which have a significantly smaller thickness, the work by Martin et al. can be 
used as a middle ground between the properties of bulk chitosan and thin film 
chitosan. 
4.9.3 SCRATCH TESTING 
 Nanoindentation was also used as a technique to compare the scratch 
resistance between chitosan and silica-chitosan thin films.  Unlike the previous 
experiments, which used nanoindentation to determine the modulus and hardness, 
the indenter tip was dragged across the surface of thin films, with a previously 
determined load.  Typical loads for scratch tests are between 15-20 mN; however, all 
the testing was completed at 10mN [105].  This load was chosen not only because 
the material being tested is softer than metals and ceramics, but also because a large 
load could lead to the indenter tip scratching down into the silicon wafer.  After 
completing scratch testing on both chitosan, as well as silica-chitosan thin films, the 
properties of the scratches can be compared.  Table 4 lists the dimensions of residual 
scratches after the completion of a scratch, as well as the pile up height, which is 
excess material residing on the side of the scratch after the scratch displaced it.  Also 
shown is a plot showing the cross profile topography of scratches into chitosan and  
 Chitosan Silica-chitosan 
Scratch depth (nm) 369.0 ± 110.9 180.1 ± 21.1 
Pile up height (nm) 351.2 ± 401.0 21.2 ± 17.2 
Scratch width (µm) 41.9 ± 22.3 26.0 ± 24.2 Table 4: Results of scratch tests on chitosan and silica‐chitosan thin films. 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silica-chitosan thin films (Fig. 36).  By examining Table 4 and Figure 36 in 
conjunction, it is evident that the silica-chitosan multi-layered thin films are far more 
scratch resistant than a chitosan thin film.  While the chitosan film has a 
tremendously large scratch depth and equally as large pile up height, the silica-
chitosan thin film has scratch depth that is more than twice as small, and virtually no 
pile up.  
 Even without using nanoindentation, it is quite obvious that silica-chitosan 
thin films are more scratch resistant than chitosan film by simply scratching the 
Figure 36: Cross profile topography plot of sample scratches on chitosan (black) and silica‐chitosan (red) thin films. 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surface of the films with a fingernail.  While the chitosan film creates a visual 
scratch when this is done, much more pressure needs to be applied to the silica-
chitosan thin films to achieve a similar type of scratch. 
4.10 HEXAVALENT CHROMIUM TESTING 
 After characterization of the silica-chitosan thin films was completed, they 
were used for the application of heavy metal ion detection.  As stated earlier, 
chitosan thin films have been shown to chelate metallic ions, leading to a change in 
thickness, index of refraction, and/or reflectance [75, 99].  As a result of the 
increased specificity of the reflectance profile of silica-chitosan thin films (as seen in 
Figs. 28 and 29), it was hypothesized that these multi-layered thin films would lead 
to an increased sensitivity to metallic ions within solution.  Even though chitosan has 
been shown to chelate to many different types of metallic ions, the change for Cr(VI) 
was in the opposite direction compared to all other HDACS crosslinked chitosan thin 
films.  Chitosan thin films had the most consistent and repeatable increase in 
thickness and index of refraction when exposed to Cr(VI) [53].  Therefore, the 
purpose of this work was to expand upon the proven application of metal ion 
detection, while using multi-layered thin films.  
 All thin film samples used during metal ion testing were examined with 
ellipsometry and reflectometry both before and after the testing; this was done to 
determine the changes in thickness, index of refraction, and reflectance for the films.  
Table 5 lists the results of the hexavalent chromium ion testing, with significant 
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increases in thickness and refractive index for the top chitosan layer.  In addition, the 
change in these properties were noted for the silica layer immediately below the top  
chitosan layer to ensure that the changes in thickness and nr were limited to only the 
top layer. 
 
 
 
 
 
 Chitosan Silica 
   
Δ Thickness (nm) 23.9 ± 1.0  0.2 ± 4.7  
Δ Index of refraction 0.03 ± 0.02  0.02 ± 0.02 
Table 5: Change in thickness and nr of the top two layers of silica‐chitosan thin films. 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 Figure 37 is the shift in reflectance peaks of silica-chitosan thin films after 
being exposed to hexavalent chromium, with an average maximum peak shift of 14.3 
nm ± 1.3 nm.  This shift in the maximum peak, although very precise due to the low 
standard deviation, was similar to the shift seen for single layer chitosan thin films, 
which had an observed shift of 18.5 nm ± 10 nm.  As a result, even though it had 
been previously postulated that an increase in sensitivity to metal ion detection 
would occur with silica-chitosan films, they in fact match the previous sensitivity of 
single layer chitosan films.  The reason that an increase in sensitivity was not 
observed can best be explained by the fact that silica-chitosan thin films have been 
produced to be mechanically robust, such that the extensive crosslinking and strong 
silica layers increased the rigidity of the thin films.  Therefore, silica-chitosan thin 
Figure 37: Reflectance shift of silica‐chitosan thin films when exposed to 50 ppm hexavalent chromium in solution. 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films are stronger, scratch resistant films that match the sensitivity of metal ion 
detection of chitosan films. 
4.11 CONTROLLED DRUG RELEASE 
 To complete a study on the release properties of drugs from silica-chitosan 
thin films, different drugs were chosen to determine which would be best suited for 
such a study.  Various outcomes during the experimentation would help to choose an 
appropriate drug, including drug solubility, successful spin coating, and release of 
drug from the thin film.  In addition, the different drugs that were chosen as possible 
candidates needed to have a medical relevance that would make sense to include 
such a drug into thin films.  More specifically, the application of thin films for the 
release of drugs has the most plausible use in the form of a transdermal delivery 
system.  Therefore, antihistamine, anti-inflammatory, and local anesthetic drugs 
make the most sense to test with silica-chitosan films because they are commonly 
administered transdermally.   
4.11.1 SOLUBILITY 
 The three initial drugs that were chosen for the drug release study were 
Ibuprofen Na+ (IBP), Naproxen Na+ (NPX), and Prednisolone (PDN), all of which 
are anti-inflammatory drugs.  Figures 38a and 38b are the UV-Vis plots of various 
concentrations of IBP and NPX, respectively, in water.  These plots show that with 
an increase in concentration of drug within solution, there is a noticeable change in 
 83 
the UV-Vis spectrum, which is vital for an accurate drug release study.  A UV-Vis 
concentration plot of PDN was not created because PDN did not dissolve in water.   
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 Figure38: UV‐Vis absorbance plots of various concentrations of a) IBP and b)NPX within 3mL of water. 
b) ) 
a) 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A simple explanation as to why both IBP and NPX both readily dissolve in water, 
and PDN does not, is because they are both sodium salt forms of the drug.  It has 
been shown in the literature that using the salt forms of acidic and basic drugs 
radically increases the aqueous solubility of the drug, as well as the dissolution rate 
[106].    
 Although IBP and NPX readily dissolved into water, neither was able to 
dissolve into 1% acetic acid, which is the solution that chitosan is dissolved in to 
spin coat thin films.  Next, the solubility of these two drugs was tested again by 
placing them into a silica solution with TMOS.  As previously stated in Section 4.2, 
silica solutions did not gel when TMOS was added, and as a result, were still able to 
be spin coated.  Once IBP and NPX were added, however, the silica solution gelled 
within a few minutes.  Finally, because both drugs were able to dissolve into water, 
they were successfully dissolved into a solution of poly(allyl amine), shown in 
Figure 39, which not only dissolves into water, but has been previously shown to 
spin coat into thin films [75, 99].  Table 6 summarizes the solubility of IBP, NPX, 
and PDN into the various polymer solutions. 
  Figure 39: Chemical structure of poly(allyl amine). 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 In an effort to explain the solubility results shown in Table 6, the review 
paper by Serajuddin states that the solubility of various drugs depends on which type 
of conjugate salt drug is used, namely acidic or basic salt drugs.  Typically, when an 
acidic drug is converted into salt form, it is combined with a base to create a 
conjugate basic salt drug [106].  Conversely, when a basic drug is converted into salt 
form, it is combined with an acid to create a conjugate acidic salt drug.  The 
solubility of these acidic and basic salts greatly depends on the pH of the solution.  
Figures 40a and 40b are schematic plots of the solubility of basic and acidic salt 
drugs, respectively, as a function of pH.  In the case of basic salts, such as IBP and 
NPX, Figure 40a shows that these drugs will be able to dissolve into basic solutions 
while in its salt form, but in low pH solutions, the drug will convert into its acidic 
form and have its solubility severely diminished.  If comparing this rationale with the 
results seen in Table 5, it stands to reason that IBP and NPX would indeed be able to 
  Chitosan  Poly(allyl amine)  Silica   1% Acetic Acid  water  water‐EtOH        
Ibuprofen Na+  no  yes  yes ‐ gels 
Naproxen Na+  no  yes  yes ‐ gels 
Prednisolone  no  no  no 
Table 6: Solubility of different drugs into polymer solutions.  The solvent for each respective solution is mentioned.  A “yes” or “no” indicate a successful or unsuccessful solubility test. 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dissolve in the silica solution, which is basic, and not into the chitosan solution, 
which is acidic.   
Figure 40: Solubility vs. pH plots of a) basic salt drugs and b) acidic salt drugs [106]. 
a) 
b) 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 In the case of Figure 40b, it can be seen that a conjugate acidic salt will be 
able to readily dissolve when it is in a solution with a low pH.  Therefore, due to the 
fact that chitosan thin films are made with 1% acetic acid solutions, the proper drug 
of choice would be an acidic salt, rather than basic salts like IBP and NPX.  The 
selected basic drug for the drug delivery study was diphenhydramine HCl (DPHH), 
which is an antihistamine, commonly purchased as the product, Benadryl.  After 
adding DPHH to the previously mixed chitosan solution, the drug easily dissolved 
into the solution.  Also, Figure 41 is the UV-Vis plot of various concentrations of 
DPHH within water, indicating that UV-Vis is an appropriate technique to measure 
the change in concentration of DPHH. 
Figure 41: UV‐Vis absorbance plots of various concentrations of DPHH within 3mL of water. 
 88 
4.11.2 SPIN COATING 
 Before it was determined that acidic salts were the best drug to implement 
within chitosan thin films, there was some initial success of dissolving IBP and NPX 
into solutions with a pH of at least 7.  Both of those drugs dissolved into poly(allyl 
amine) (PAH) solutions, as well as the silica nanoparticles solution.  The problem 
with the silica solution, as described earlier, was that the solution gelled within a few 
minutes of the addition of drugs into the solution; thin films could therefore not be 
spin coated.  The PAH solution, on the other hand, with dissolved drug within it, was 
not able to create a uniform structurally colored thin film.  Though there sometimes 
appeared to be spots of blue, indicating a thin film with structural color, for the most 
part, these films had white striations that began in the center of the film and were 
directionalized radially outward.  These white striations were most likely the salts, 
which had precipitated once the solution was drying during the spin coating process.  
The direction of the striations is due to the centrifugal forces of the spin coating 
process. 
 The spin coating of chitosan-DPHH thin films was far more successful than 
the previous attempts with the basic salts.  Chitosan-DPHH films were completely 
uniform and exhibited structural color throughout the entire film. 
4.11.3 DRUG RELEASE 
 In an effort to reveal an exaggerated drug release profile using UV-Vis 
spectroscopy, thick films (greater than one micron) of chitosan were spin coated and 
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placed within water for at least two hours.  These single layer chitosan films 
achieved release profiles similar to Figure 42, which shows an initial burst of DPHH 
release at about 15 minutes.  It stands to reason that single layer chitosan-DPHH 
films would have an initial burst, primarily because there is no restrictive barrier 
between the film and water.  In stark contrast, Figure 43 is a multi-layered thin film 
with three layers, the first and third layers being silica, and the middle layer being 
chitosan-DPHH.  Different from the previous figure, which had an initial burst of 
drug release, Figure 43 shows a controlled and gradual increase in DPHH 
concentration within the water because the silica layers act as a barrier.  Silica-
Figure 42: UV‐Vis spectroscopy plots of DPHH release from single layer chitosan thin film, with an initial burst of drug release. 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chitosan thin films, as a result, can be appropriately used as a method for controlled 
drug release systems.   
 As stated previously in Section 4.10, adsorption of hexavalent chromium ions 
from aqueous solution into chitosan thin films leads to an increase in thickness and a 
change in color of the film.  Conversely, desorption of DPHH from chitosan films 
into water should create a similar effect: decrease in thickness and a change in color 
of the film.  After placing several thin films in water for two hours, there was an 
observed thickness decrease of 111 ± 35 nm, as well as a decrease in the refractive 
index of 0.05 ± 0.02.  Because the index of refraction of DPHH was measured to be 
1.69, this change in refractive index is further proof of the release of DPHH from the 
   
 
 
 
 
 
 
 Figure 43: UV‐Vis spectroscopy plots of DPHH release from multi‐layered silica‐chitosan thin films, with a controlled, time‐delayed drug release. 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chitosan thin films.  Figures 44a and 44b show the subsequent change in color of 
chitosan thin films before (left) and after (right) the release of DPHH.   
 The release profiles of both chitosan and silica-chitosan thin films, after 
examined using UV-Vis spectroscopy, were converted into a standard percent drug 
release vs. time plot (Fig. 45) by integrating under the curves of Figures 42 and 43.  
These two plots further indicate that much of the entrapped DPHH within the single 
layer chitosan film is released within the first 15 minutes, but a much more 
controlled and gradual release of drug is evident when DPHH is released from a 
multi-layered silica-chitosan thin film.  
 
Figure 44: Single layer chitosan‐DPHH thin films a) before (left) and b) after (right) drug release. 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Figure 45: Drug release profile of DPHH as a function of time, revealing an initial release of DPHH from chitosan films and a controlled release from silica‐chitosan. films. 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5. CONCLUSIONS 
 Multi-layered silica-chitosan thin films were successfully produced by spin 
coating, and the thicknesses and refractive indices were found using ellipsometry.  
Chitosan layers were found to have a thickness of 78.8 ± 7.6 nm, with n=1.52 ± 0.02; 
silica layers were 286.6 ± 22.5 nm, with n=1.33 ± 0.02.  These values show that 
silica-chitosan thin films were able to properly mimic the stacking sequence of 
butterfly wings, with alternating layers of high and low indices of refraction.  More 
specifically, silica nanoparticles were able to mimic the air pocket layers of butterfly 
wings due to the air gaps and voids that are created by the stacking of particles 
within a layer.  The biomimicry of air pockets was confirmed through several 
different techniques, including ellipsometry, SEM, and AFM.  Because there is a 
discrepancy between the typical index of refraction of silica (1.46) and the observed 
value of silica thin films, it is evident that the lower index value is a result of the 
overall porosity of the silica layer.  This porosity was readily measured using 
ellipsometry, seen by examining the SEM images, which reveal silica layers that are 
much rougher than the chitosan layers, and was further shown in AFM images, 
which calculated the RMS surface roughness for silica layers to be almost three 
times higher than that of chitosan films. 
 One of the primary advantages of silica-chitosan thin films is the increase in 
stability that they possess over single layer chitosan films.  Nanoindentation and 
scratch testing showed a substantial increase in Young’s modulus, hardness, and 
scratch resistance of silica-chitosan thin films when compared to the properties of 
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chitosan films.  Peel testing also revealed that the multi-layered films were more 
resistant to peeling from the silicon wafer substrate, as opposed to chitosan films, 
which readily peeled off.  Solution stability testing was also important because it was 
shown that silica-chitosan films, when properly crosslinked, will not dissolve in 
hydrophilic or hydrophobic solutions of any pH, indicating that they are capable to 
be used in several different solution-based applications.  
 Silica-chitosan thin films were subsequently used for two different 
applications: hexavalent chromium detection and controlled drug release.  When 
exposed to chromium in aqueous solution, silica-chitosan films achieved the same 
sensitivity of detection as single layer chitosan films, while attaining a higher level 
of mechanical stability.  The drug release profiles of single layer chitosan films and 
silica-chitosan films were compared, showing that there was an initial burst of 
DPHH release for chitosan films, but there was a controlled time drug release seen 
for multi-layered thin films, with no such initial drug release burst.  As a result, 
silica-chitosan films have been proven to be viable options for both metal ion 
detection, as well as for transdermal drug delivery systems with a controlled drug 
delivery.   
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6. FUTURE WORK 
6.1 MATERIAL SELECTION 
 Even though this study was able to successfully use silica nanoparticles to 
mimic the air pockets of butterfly wings, there are several other possible methods 
that could be employed to achieve this.  For example, the most important factor 
when creating multi-layered thin films is to achieve a substantial mismatch in 
refractive index between the two types of selected materials, as was achieved with 
the silica nanoparticles.  This can also be completed by selecting any one of a 
number of different materials that have an index of refraction that differs from that of 
chitosan, such as titanium dioxide, which has an index of refraction of 2.6 [107].  In 
the instance of using titanium dioxide, chitosan would therefore become the low 
refractive index material and have to become the thicker layer, while titanium 
dioxide would be the high index material and the thinner layer.  Applying titanium 
dioxide into such a system is feasible, as thin films of TiO2 have previously been 
developed, exhibiting structural color [108].   
 Instead of selecting a material with a large index mismatch to chitosan, the 
idea of mimicking the air pockets of butterfly wings can be further researched.  More 
specifically, although the stacking of nanoparticles leads to air gaps and voids 
between the particles, having hollow nanoparticles would only further decrease the 
index of refraction of the layer.  Although hollow silica nanoparticles are not 
commercially available, there are published methods of creating them in the lab 
[109, 110].  The porous hollow silica nanoparticles (PHSN) developed by Chen et al. 
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have an average diameter of 60-70 nm and a wall thickness of 10 nm, indicating that 
a large portion of the particles are indeed hollow, such that a thin film of PHSN 
would much more closely mimic the air pockets of butterfly wings than solid 
nanoparticles.  Furthermore, the research on PHSN has shown that the particles can 
uptake drug and subsequently have a controlled time release.  PHSN thin films, 
therefore, would enhance the capabilities of chitosan multi-layered thin films for the 
use of controlled drug delivery. 
 Future work in the testing of multi-layered silica-chitosan films can also 
further examine the mechanical properties of the films after being exposed to 
aqueous conditions.  Testing wet films using nanoindentation can give more 
information with regards to the mechanical strength of silica-chitosan films in 
various conditions. 
6.2 CONTROLLED DRUG RELEASE 
 This research focused on the release of DPHH from silica-chitosan thin films, 
but several different advancements can be made in the future to further enhance this 
study.  For example, instead of just using DPHH, other drugs can be studied, such as 
Epinephrine sulfate and Lidocaine HCl, as long as they can be properly dissolved 
within the acidic chitosan solution.  In addition, if the previously described PHSN 
were implemented within chitosan multi-layered thin films, than many more 
opportunities for drug delivery are available, because instead of being dissolved 
within chitosan solutions, drugs simply need to be loaded within the PHSN.  The 
method at which certain drugs diffuse from silica-chitosan thin films can be studied, 
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such as release kinetics from various layers, as well as the mechanism with which 
drugs will produce a film.  Finally, as the ultimate objective of such a project is to 
create a transdermal patch for local administration of drugs, a prototypical device 
would need to be produced.  This would differ from the currently designed system, 
as the films would need to be removed from the silicon wafer substrate, a backing 
layer would be added to protect the drug-loaded film, and an adhesive layer would 
need to be added so that is remains on the skin after applied. 
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